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Polymeric microfluidic continuous flow mixer
combined with hyperspectral FT-IR imaging for
studying rapid biomolecular events†
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Early reaction intermediates in protein folding, such as those resulting in β-amyloid formation due to tran-

sient misfolding, emerge within a few hundred microseconds. Here, we report a method to obtain sub-

millisecond temporal resolution and molecular structural information of protein (mis-)folding events by

using a microfluidic continuous-flow mixer (MCFM) in combination with Fourier transform infrared (FT-IR)

imaging. The MCFMs are made out of cyclic olefin copolymer (COC) films, because this approach allows

for rapid prototyping of different mixer designs. Furthermore, COC offers high IR transparency between

1500 and 2500 cm−1, thus maximizing the signal to noise ratio of the IR data obtained from a sample of

interest. By combining narrow and wide channel widths in MCFM design, the platform provides fast mixing

(460 μs) to induce protein (mis-)folding, and it maximizes the residence time in the observing area, so a

wide range of reaction timescales can be captured in a single image. We validated the platform for its abil-

ity to induce and observe sub-millisecond processes by studying two systems: (i) the mixing of H2O and

D2O and (ii) the mixing induced deprotonation of carboxylic acid. First, we observed excellent agreement

between simulated and experimental data of the on-chip mixing of H2O and D2O, which verifies the dis-

tance–reaction time relationships based on simulation. Second, deprotonation of carboxylic acid by on-

chip mixing with sodium hydroxide solution validates the ability of the platform to induce rapid pH jump

that is needed for some biomolecular reactions. Finally, we studied the methanol-induced partial-unfolding

of ubiquitin to show that our platform can be used to study biomolecular events ‘on-pathway’ using FT-IR

imaging. We successfully extracted kinetic and structural details of the conformational changes along the

channel. Our results are in agreement with prior studies that required more elaborate stopped flow ap-

proaches to acquire data for different time points. In summary, the reported method uses an easy-to-

fabricate microfluidic mixer platform integrated with hyperspectral FT-IR imaging for rapid acquisition of

structural details and kinetic parameters of biomolecular reactions. This approach does not need stopped

flow or molecular imaging probes, as required respectively for alternative FT-IR spectroscopy and fluo-

rescence approaches.

Introduction

Fundamental biomolecular events, such as protein folding
and enzyme catalysis, are critical for cell and tissue health.1

Although such biological processes occur on the millisecond

to minute time scales, early intermediates that determine the
fate of the overall process often appear within tens of micro-
seconds.2 One such event, sub-millisecond protein
misfolding, has been shown to lead to a cascade of events
that are associated with diseases such as Alzheimer's and
Parkinson's that occur due to the presence of plaques com-
posed of aggregated misfolded proteins,3,4 i.e. β-amyloids.
Therefore, studying (mis-)folding mechanisms and identifying
the early intermediates are relevant to understanding
β-amyloid induced diseases. To study the transition between
different protein states, various biophysical techniques have
been developed. NMR provides atomic resolution of the reac-
tion process and circular dichroism can reveal secondary
structure information of proteins.5 Early intermediates within
the “dead time” of mixing are difficult to observe, however,
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because these methods use stopped flow techniques. To mini-
mize the dead time, continuous flow methods are used, for
example for protein folding studies fluorescence microscopy
is used.6 Such measurement reveals misfolding to be a milli-
second time event; however, this approach provides no struc-
tural details, and labelling with fluorescence dye may change
the folding dynamics.7 In contrast, computational models
show β-amyloids form at a faster rate. This dissonance may
indicate that current methods are insufficient for providing
intrinsic structural data for sub-millisecond events.8 Hence,
experimental techniques need to be developed to study these
fast events.

The two main challenges in studying sub-millisecond
biomolecular reactions at high structural resolution are (i)
achieving sufficient control over the speed of reactant
mixing, which determines temporal resolution, and (ii)
achieving a sufficient signal-to-noise ratio (SNR) of recorded
data, which determines the sensitivity in detecting and
identifying reaction intermediates.9–11 To meet the first
challenge, a technique to mix reactants faster than the re-
action kinetics is required.12 However, widely used mixing
methods such as stopped-flow mixers have mixing and
dead time delays of a few milliseconds prior to data acqui-
sition.13 Continuous-flow mixers are faster, but they con-
sume larger sample volumes that render them unsuitable
for most biomolecular reactions.14 Microfluidic continuous-
flow mixers (MCFMs) can be used to mix reactants in
microseconds while consuming only nanoliters of sample
per minute.

One approach to address the second challenge is IR
spectroscopy. However, coupling MCFMs with IR spec-
troscopy15–19 for structural data collection has proven to be
challenging. Despite excellent advances with various mixer
geometries,20,21 practical barriers such as poor compatibility
of IR optical windows (often CaF2) with microfabrication ap-
proaches as well as leakage issues encountered at the high
flow-rates necessary, continue to persist.22–24 Alternative
approaches to meet the second challenge that are suitable
for rapid data acquisition include fast readout spectroscopic
detection methods such as UV-vis absorption and fluores-
cence. However, they are limited in their ability to provide
detailed data on molecular events and often require extrin-
sic labeling by probes that can potentially alter reaction
dynamics.7

In this work, we address both challenges to develop
and validate a multidisciplinary approach to study biomo-
lecular reactions at sub-millisecond temporal resolution.
We report an IR transparent and easy-to-fabricate micro-
fluidic platform that accurately mixes solutions and con-
trols biochemical environments spatially and temporally.
The device is used with FT-IR imaging to obtain data on
biomolecular events with a good SNR. After experimental
and theoretical validation of the platform with two model
systems, we showcase the performance of our approach by
studying conformational changes of ubiquitin during
unfolding.

Results and discussion
Design of polymeric microfluidic continuous flow mixer
(MCFM) for studying rapid biomolecular reactions

Various designs of microfluidic platforms, such as laminar
flow mixers,24,25 herringbone mixers,26 and inertial effects-
induced mixers,27–29 have been demonstrated to achieve
microsecond to millisecond mixing. However, the require-
ment of (a) small feature sizes (1–10 μm) and (b) high back-
pressures (∼5 MPa) resulting from high flow rates in narrow
channels restricts the materials and fabrication processes
available to manufacture these devices. Fabrication options
are further restricted as IR compatibility for microfluidic plat-
forms mandates the use of materials with low IR absorption.

We decided to use hydrodynamic flow focusing (HFF)
design30–32 for the application here, as this design enables
microsecond mixing (10 μs–10 ms) in the microchannel with
relatively large feature sizes (>20 μm) that can be conve-
niently fabricated with standard microfabrication processes.
HFF typically involves focusing of a central analyte stream by
two buffer streams on the side, as shown in Fig. 1. This fo-
cusing reduces the width of the central stream and conse-
quently the diffusion distances, resulting in faster mixing. In
addition, the subsequent laminar flow in the microchannel
enables the reaction to evolve without intermixing and it
aligns reagents in the center of the channel. Although the
small width of the focused stream is beneficial for rapid
mixing, this small width may not provide sufficient SNR if
the size of the IR detector is larger than or comparable to the
stream width. To address this issue, we designed the channel
to incorporate a rapid expansion of the stream before intro-
duction in a wide observation zone, 500 μm wide (the length
and width of the field of view are about 700 μm) and 10 mm
long (the partial channel is shown in Fig. 1). After comparing
geometries with 90°, 67.5°, 45°, and 22.5° for the angle to

Fig. 1 Schematic illustration of hydrodynamic flow focusing and the
designed MCFM. The design includes a 50 μm-wide mixing channel
(high-velocity region) for rapid mixing that broadens via a 45° smooth
expansion to a 500 μm-wide reduced velocity region (observation area).
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expand the channel width into the observation area, the 45°
geometry was chosen to minimize the occurrence of turbu-
lent eddies caused by sudden expansion and to allow a wide
range of reaction timescales to be captured in a single image
(Fig. S4†). This rapid expansion not only increases the width
of the analyte stream but also minimizes the required operat-
ing backpressures due to the larger width of the expansion
and observation channels. We designed the minimum width
of the focusing channel to be 50 μm, which can be easily fab-
ricated using standard microfabrication processes and fits
with typical fields of view of standard and high-definition FT-
IR imaging spectrometers33–35 while being narrow enough for
emerging FT-IR scanning spectrometers.36,37 The width of the
observation channel was chosen to be 500 μm, which pro-
vided sufficient expansion to ensure a large width of the ana-
lyte stream post-mixing as confirmed by finite element analy-
sis (FEA) simulations as well as a sufficient area for spatial
signal averaging if required.38 Smaller channel heights will
ensure a linear signal from absorption but will also lead to
higher back-pressures. To achieve a good SNR and transmis-
sion signal from the reagents, we chose the optimal height of
the microfluidic channels to be 15 μm, which yields suffi-
ciently low back-pressures that can be withstood by the
microfluidic platform.39

MCFM design considerations

Time-to-space mapping. The first demonstration of fast
FT-IR imaging measurements in transmission mode that uti-
lized a microfluidics platform to show the applications to de-
tect biomolecular reactions40 used rapid scanning “kinetics”
mode.41 A similar approach that utilized laminar and seg-
mented flows also used kinetic scanning mode to study reac-
tions.42 In these approaches, it is possible to quantify the
time resolution using the reagent delivery flow rate and the
pixel size.40,42 However, in kinetic scanning mode, the time
resolution is limited by the total scanning time for each im-
age, which is ultimately limited by the detector frame rate.
Thus, its application is limited to exploring relatively slow re-
actions. A larger volume of material would be needed in the
case of “time-resolved” mode, resulting in inherent lowering
of efficiency of recording data.43 Thus, we decided to use an
HFF design in combination with the “continuous” scanning
mode to acquire information faster while maximizing the
SNR. Laminar, steady-state flow conditions enable accurate
predictions of the consistent spatial flow and concentration
fields of the reagents using computational modelling. At a
constant flow rate, the channel attains a pseudo-steady state
condition where every point is invariant in the reaction state
at that location. Thus, the same location can represent sub-
millisecond, millisecond, or second time scale by adjusting
the flow rates and ratio from inlets. For example, at a flow
rate of 0.1 μL min−1 for the central stream with a flow rate ra-
tio of 1 : 5 between central and side streams, the 35th pixel
represents 47.88 ms and the 100th pixel represents 147.61 ms
while for a flow rate of 2.2 μL min−1, the two points represent

0.84 ms and 3.36 ms, respectively. Un-reacted reagents at the
junction (the start of the channel) incrementally progress
along the temporal reaction coordinate down the channel
along the direction of flow (Fig. 1). Hence, the modeling data
can be used to estimate the time it takes for reagents to reach
any particular spatial coordinate; each spatial coordinate in
the device represents a specific point of time (or temporal co-
ordinate) after mixing. The flow and concentration fields of
the reactants are precisely determined by solving the steady-
state, incompressible Navier–Stokes and convection–diffusion
equations with finite element analysis software (COMSOL
Multiphysics). FT-IR spectra from pixels at various locations
in the image allow us to access multiple time scales in a sin-
gle experiment, simply by collecting data at a different spatial
location. Each location represents a different reaction state
that does not change over time, as long as the streams con-
tinue to flow. Since the flow velocity obtained from the FEA
simulation and the pixel size of the FPA detector are the only
parameters required to perform the distance to time conver-
sion, the measurement speed of the instrument does not af-
fect the time resolution.

Optimization of time resolution/image size. To accurately
study the kinetics of biomolecular events, reactants need to
be mixed faster than the reaction time scale. Thus, one of the
primary design considerations for the MCFM is to decouple
mixing and kinetics. To ensure this decoupling, the desired
time of mixing (tmix) should be at least one order of magni-
tude lower than the time constant of biological processes
(tkinetic). The starting points for mixing (tmix = 0) and observa-
tion (tobs = 0) are the points where three inlet streams start to
merge and where the narrow channel starts to expand line-
arly (Fig. 1). Previous microfluidic chips that used hydrody-
namic focusing defined tmix as the time it takes to achieve
90% of the side stream concentration in the focused
stream.30 Here we exploit the same concept. From mass con-
servation and diffusion over distance equations reported for
hydrodynamic focusing,44 we derived an equation that can be
used to calculate the mixing time for the MCFM platform:

mix
f o

f

o

FRR
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D D

v
v

w2 2

2

2

24
1
4 1 2


 

(1)

where
τmix: mixing time
D: diffusion coefficient
wf: width of the focused stream
wo: width of the mixing channel
vf: average velocity of the focused stream in the mixing

channel
vo: average velocity at the end of the mixing channel
FRR: flow rate ratio between side and center inlets
From eqn (1), it is evident that the mixing time is inversely

proportional to the diffusion coefficient and varies inversely
with the square of the flow rate ratio and of the concentra-
tion of side streams.
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Another design consideration for the MCFM platform is
that the temporal scale should correspond to the size of the
hyperspectral image so that the kinetics can be observed in a
single image. Each pixel of the FPA detector images an area
of 5.5 × 5.5 μm2 when using a 15× objective. Thus, the size of
the entire hyperspectral image (the area of the channel that
is being imaged) is 704 × 704 μm2 (128 × 128 pixels). How-
ever, due to the diffraction, the actual area imaged by one
pixel can be different from the pixel size. Based on the Ray-
leigh criterion and 0.62 N.A. used in the set-up, the range of
the spatial resolution is approximately equal to the wave-
length, and thus the area imaged by one pixel can vary
depending on the selected vibrational mode. These two
criteria (or design considerations) then provide the timespan
of the device and suggest that the mixing time should be at
least one order of magnitude lower than this time span.
While a larger image can be acquired by rastering the sam-
ple,45 moving the stage of the microscope may introduce er-
rors and may cause periods of unsteady flow due to device
movement. Hence, observing the overall event without mov-
ing the focal plane array (FPA) view is another important as-
pect to consider when designing the device.

With the FEA simulation and eqn (1), in our case, the the-
oretically fastest mixing time that fulfils both criteria is about
460 μs, corresponding to a residence time for a single FPA
image (704 × 704 μm) of 4.8 ms, a significantly better mixing
time and residence time compared to what has been reported
previously for other microfluidic platforms.33,42,46 The change
in residence time for the observation area as a function of
the flow rates used can be found in Fig. S5.† Among available
microfluidic platforms that have been used with IR imaging,
the fastest reported mixing time is 280 μs,46 which does not
fulfil the consideration that the time at the end of the image
needs to be larger than tmix. Because of the fast speed of the
central focused stream (needed to achieve such rapid tmix),
the time resolution of the FPA image is limited and does not
allow data collection of the full reaction in a single image.
Even though the fastest mixing time in our platform design
is slightly slower than the aforementioned 280 μs, the spec-
tral data from our platform will provide better signal quality
without loss of information regarding early intermediates.

Polymeric MCFM: IR transparency and robustness

We collect IR data in transmission mode because of its ease
of implementation, limited spectral distortion for homoge-
nous phases, and good spatial resolution.46,47 However, this
mode requires the use of IR transparent materials and a shal-
low channel height (∼10 μm) for aqueous solutions.39,48 Pre-
viously reported IR compatible microfluidic platforms use
calcium fluoride (CaF2) windows, because of their IR trans-
parency in the biologically relevant region, but CaF2 is expen-
sive, not very amenable to rapid prototyping, and is hard to
bond with itself or other substrates.24,49 Typical microfluidic
platforms based on CaF2 windows have channel heights
greater than 50 μm, whereas a shorter path length is needed

for best data collection results.40 To overcome the aforemen-
tioned issues, we created a MCFM out of two 100 μm cyclic-
olefin copolymer (COC) films that sandwich a thin
polyĲdimethyl siloxane) (PDMS) fluid layer that is patterned to
contain the desired microfluidic channel design. Though
PDMS absorbs IR in the biologically relevant region (1500–
2500 cm−1), the use of an only 15 μm thick layer of PDMS
minimizes IR absorption, while allowing for a channel height
that provides a sufficient SNR. The stiff COC film provides
mechanical robustness (less fragile than CaF2) and allows for
easy prototyping and fabrication. The ability to mount in and
outlets on/through the COC sheets enables the use of micro-
fluidic channels with heights less than 20 μm between the
COC sheets, a thickness that is optimal for transmission IR
data collection. We confirmed that the assembly of COC and
PDMS layers provides a sufficiently IR transparent window
over 1500–2500 cm−1 (Fig. 2) and beyond 3100 cm−1; it will al-
low for IR data of organic species and the secondary structure
of different proteins (e.g., the amide I region) of sufficient
SNR to be recorded. To ensure strong bonding between the
PDMS and COC layers, we used a chemical bonding approach
(APTMS-GPTMS) that previously has been demonstrated to
sustain high pressures (>0.5 MPa) without leakage for micro-
fluidic PDMS–COC platforms.50,51 We confirmed that the fab-
ricated MCFM can withstand flow rates as high as 22 m s−1

without leakage by flowing dyed aqueous solutions. A de-
tailed description of the fabrication of the MCFM platform is
provided in the experimental section (vide infra). The detec-
tion range that can be assessed with the MCFM platform is
limited. Specifically, due to lack of transparency, data cannot
be collected with the FT-IR imaging approach used in the re-
gions of 600–1500 and 2800–3100 cm−1. However, the MCFM

Fig. 2 IR spectra of the MCFM platform, CaF2 only, and CaF2 + 25 μm
PDMS. The spectra of CaF2 and CaF2 with a thin PDMS layer are
provided here to allow for direct comparison of the relative
transparency of the MCFM platform to materials used in prior work.
The chip is largely transparent in the region of 1500–2500 cm−1 and
beyond 3100 cm−1, especially between 1600 and 1700 cm−1 (a major
detection region for the secondary structure of proteins). The spectra
are taken in transmission mode with an air background.
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platform has a similar detection range compared to previ-
ously reported IR compatible microfluidic platforms that uti-
lize either CaF2 or Si wafers, because all of them require the
use of PDMS to create channels between wafers and to pro-
vide the bonding between layers.52,53 In addition to similar
IR transparency, the MCFM platform reported here offers me-
chanical robustness and easier prototyping of channel de-
signs that allow for rapid mixing as well as simultaneous ob-
servation of a wide range of reaction times than the
aforementioned previously reported platforms.

Validation system 1: mixing of H2O and D2O

An appropriate method to model diffusional mixing of species
in the MCFM is needed to be able to correlate spatially resolved
FT-IR imaging data to temporally resolved information map-
ping the studied chemical process. As a first test to validate the
use of the MCFM platform in combination with IR imaging,
we studied the mixing of H2O and D2O both experimentally
and via simulation, the latter using finite element analysis. The
IR absorption arising from both the –OH and –OD vibrational
modes changes in tandem upon mixing, as has been reported
previously.33 Similarly, we anticipate a change (drop) in IR ab-
sorbance at 1645 cm−1 arising from the OH bending vibrational
mode, from both a change in concentration (dilution with
D2O) and due to isotopic substitution (H and D).33,46 As H2O
and D2O mix, HDO is produced and the spectrum of the HDO
bending mode appears at 1451 cm−1.33 Though absorption at
1451 cm−1 is another indicator to show the mixing of H2O and
D2O, we do not discuss the change in the HDO spectrum here,
as this has been reported previously.33 Furthermore, due to the
high absorption of the MCFM platform at 1451 cm−1, this
mode would not be examinable with this platform.

Inside the MCFM, streams of pure H2O and pure D2O
were injected through the central and side channels, respec-
tively, at flow rates of 0.4 and 2.0 μL min−1. Fig. 3a shows the
relative absorbance of the two vibrational modes, OH bend-
ing and OD stretching. We picked the OD stretching vibra-
tion and not the OD vibration due to overlap of the latter
with vibrations from the MCFM materials. The observed
change in absorbance nicely visualizes hydrodynamic focus-
ing and mixing inside the channel (Fig. 3a). The combined
effect of diffusion-induced hydrodynamic mixing can be
monitored by examining the change in absorbance along the
hydrodynamic jet. The IR absorbance of OH bending, quanti-
fied by the area-under-the-curve (AUC) from each pixel along
the focused stream, decreases exponentially as can be seen in
Fig. 3b. Because of the difficulty of experimentally measuring
the exact flow velocity at different locations, we performed a
FEA simulation of the same experiment to aid the distance to
time conversion. Naturally, the experimental data and results
from the simulation should overlap. The simulation shows
that upon the onset of mixing of H2O with D2O, the concen-
tration of H2O decays exponentially along the channel (-
Fig. 3b, solid blue line). As expected, the experimental data
match the simulated water concentration. Note that the time-

scale used in Fig. 3b was derived from the velocity profile
obtained in the FEA simulation.

In summary, the RGB image (Fig. 3a) and the comparison
of the FT-IR results and the simulation (Fig. 3b), indicate that
the MCFM platform successfully mixes streams via hydrody-
namic focusing, and that with the use of the simulation re-
sults, the distance along the axis of flow can be converted
into a reaction timescale. Furthermore, it is evident that in
the middle of the channel a fully mixed situation is reached
after about 3 ms under these operation conditions.

Validation system 2: acetic acid and pH jump

As a second test to validate the use of the MCFM platform to
monitor chemical events, we studied the deprotonation of
acetic acid upon mixing with an aqueous NaOH stream.

Fig. 3 Experimental observations and simulation of H2O and D2O
mixing inside the MCFM. (a) Hyperspectral image of the mixing zone,
showing the ratio of absorbance at 1645 cm−1 and at 2400 cm−1

corresponding to the OH bending vibrational mode in H2O and the OD
stretching vibrational mode in D2O. (b) Comparison of experimental
data (red diamonds, AUC of IR spectra from OH bending; average of
three data sets) and simulation (blue line) of diffusional mixing of H2O/
D2O. The error in the experimental data points (red diamonds) is
smaller (<1.7%) than the size of the diamonds.
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While the previous example allowed us to control the concen-
tration in the two streams and demonstrated that FEA simu-
lations and experimental results agree well for a system in
which the properties of the materials are close, this second
system seeks to highlight the ability of the platform to con-
trol environmental conditions such as pH to induce a biomo-
lecular reaction.54

Approaches to initiate biomolecular reactions include
changing the temperature, adding a denaturant, and chang-
ing the pH surrounding the molecules. Inducing and
maintaining a sudden temperature change in a MCFM would
be challenging from a temperature control point of view due
to the small amount of sample available. Denaturants such
as guanidinium chloride (GuHCl) and urea have high absorp-
tion in the amide I region (1600–1700 cm−1), which would
complicate secondary structure determinations of proteins.55

Biomolecular reactions are also sensitive to the pH value
of their solvents; under acidic and basic conditions, proton-
ation or deprotonation of amino acid residues occurs and
changes their participation in hydrogen bonding. Hence, a
pH jump strategy can be used to induce reactions such as
protein folding/unfolding, protonation/deprotonation, and
enzymatic reactions.

To validate the application of the MCFM platform to study
biomolecular reactions, we designed an experiment in which
the pH is changed in the stream by hydrodynamic flow focus-
ing induced mixing between 1 M aqueous acetic acid solution
(pKa 4.76) as the central stream and 0.15 M aqueous sodium
hydroxide solutions as the side streams. A flow rate ratio of
1 : 5 between central and side streams and a flow rate of 3.0
μL min−1 for acetic acid solution were used. This experiment
is expected to increase the pH from 2.5 to neutral at the cen-
ter of the focused stream after complete mixing. When a car-
boxylic acid group reacts with a hydroxide ion, it
deprotonates and becomes a carboxylate. Since a carboxylic
acid (1718 cm−1) and a carboxylate (1556 cm−1) have distinct
vibrational modes corresponding to the carbonyl stretch
(νCO) and the asymmetric mode of the carboxylate anion, re-
spectively, the absorbance of these modes can quantify the
extent of change in the pH along the center of the channel in
the MCFM for inducing biomolecular reactions.

Fig. 4 shows the results of the pH jump experiment. The
peak IR intensities for carboxylic acid (1718 cm−1) and for
carboxylate (1556 cm−1) are used to generate the respective
color maps that visualize the concentration distribution of
the carboxylic acid (Fig. 4a) and the carboxylate (Fig. 4b). To
enhance the color gradient in these color maps, the second
derivative of the spectra was taken, and signs were reversed,
as this maximizes the IR intensity difference between two
peaks and overlapping OH bending spectra and removes any
baseline effects. Similar to the H2O and D2O mixing experi-
ment described above, the point of complete mixing is
reached ∼250 μm from where the three inlets merge when a
1 : 5 flow ratio between the central and the side channels is
used. Fig. 4c, which shows IR spectra of pixels along the cen-
ter line of the MCFM platform, nicely visualizes the deproton-

ation experiment: the appearance of the carboxylate peak and
the disappearance of the carboxylic acid peak is evident. This
waterfall plot (x-axis: wavenumber, y-axis: absorbance, and
z-axis: distance) shows that the 1718 cm−1 peak intensity de-
creases and that the dominating peak shifts to 1556 cm−1

Fig. 4 Validation of the feasibility of MCFM platforms for pH jump
experiments that can be used to induce biomolecular reactions. (a)
and (b): Color maps of the second derivative of carboxylic acid (1718
cm−1) and carboxylate (1556 cm−1) peak IR intensities, respectively, in
the MCFM platform. (c) FT-IR imaging data (after water subtraction
and baseline correction) that visualize acetic acid deprotonation (dis-
appearance of the carboxylic acid peak) down the center of the chan-
nel in a MCFM platform. (d) Color map of pH changes in the acetic acid
deprotonation experiment. (e) Graph of the ratio of the carboxylic acid
and carboxylate peak IR intensities along the center line. Inset: identi-
cal ratio of peak intensities from acetic acid solutions at different pH
values; data used to determine the local pH in the MCFM data.

Lab on a Chip Paper

Pu
bl

is
he

d 
on

 1
7 

Ju
ne

 2
01

9.
 D

ow
nl

oa
de

d 
by

 U
ni

ve
rs

ity
 o

f 
Il

lin
oi

s 
U

rb
an

a-
C

ha
m

pa
ig

n 
on

 8
/2

1/
20

22
 1

1:
07

:5
5 

PM
. 

View Article Online

https://doi.org/10.1039/c9lc00182d


2604 | Lab Chip, 2019, 19, 2598–2609 This journal is © The Royal Society of Chemistry 2019

after 200 μm from the point where the three streams merge.
The pH of the focused stream has changed from acid to neu-
tral at that point.

To visualize changes in the pH within the focused stream,
the ratio between the carboxylate and carboxylic acid peak IR
intensities is calculated and converted into a color map
(Fig. 4d). Next, we plotted the pixel values of this ratio of
peak IR intensity data along the center line. In order to be
able to correlate these data with local pH we first collected
the IR spectra of individual acetic acid solutions at different
pH values between BaF2 windows with a standard FT-IR
spectrometer. The ratio between the carboxylate and carbox-
ylic acid peak IR intensities of these acetic acid solutions is
calculated (the inset plot with red diamonds in Fig. 4e). By
correlating the peak IR intensity ratios of the MCFM experi-
ment and of the stock solutions (BaF2 windows), we can de-
termine the local pH at each point along the center line of
the MCFM platform (the right axis of the graph in Fig. 4e).
The color gradient (from red to green, Fig. 4d) rapidly
changes as soon as the central stream is focused by the side
streams. A uniform zone of neutral pH (complete mixing) is
reached at 250 μm in the focused stream, as is evident in
both the color map (Fig. 4d) and the graph that plots the ra-
tio of the peak IR intensities along the center line (Fig. 4e).
Based on the flow rate used and the point where complete
mixing occurred in this pH jump experiment, one can calcu-
late that complete mixing is achieved after 529 μs.

In summary, the results of the pH jump experiment
shown in Fig. 4 demonstrate the ability of the MCFM plat-
form to rapidly change the pH of a focused stream. This
approach can be applied to initiate and study biomolecular
reactions that are induced by a pH change of the surround-
ing solvent.

Application of MCFM and FT-IR imaging: ubiquitin
unfolding

After completing the validation experiments, we sought to
demonstrate the application of the MCFM platform to the
study of biomolecular reactions. Specifically, we decided to
study the unfolding of the well-studied protein ubiquitin.
Ubiquitin is a small 76-residue protein molecule with a
highly stable native structure that changes its conformation
when exposed to organic solvents under acidic conditions.23

Ubiquitin, when dissolved in an aqueous methanol solution
at low pH is partially unfolded (A-state) if the methanol con-
centration exceeds 30%.56 Hence, we prepared 7 mg mL−1

ubiquitin in 20% methanol-d4 and 80% D2O solution (pD ad-
justed to 2 with DCl). This solution is delivered through the
central inlet of the MCFM. Two side stream solutions of 70%
methanol-d4 and 30% D2O (pD adjusted to 2 with DCl) focus
the central stream. The goal is to change the concentration
of methanol to above 30% in the central stream to induce
the partial unfolding of ubiquitin, as is shown schematically
in Fig. 5a, using FEA simulation. The flow rates for the cen-
tral and side streams are all set to 0.08 μL min−1.

To determine the vibrational signatures of the native and
A-state of ubiquitin, respectively, we first collected IR data
from the central channel from a point before it was exposed
to the side streams and from a point well after complete
mixing was reached (Fig. 5b: ‘before mixing’ and ‘after
mixing’ data). For reference, we also collected IR data of
identical ubiquitin solutions in the native and A-state in a
cell with BaF2 windows (Fig. 5c). These data are in agreement
with spectra reported in the literature.23 Four major compo-
nents are present within the amide I region of the ubiquitin
spectra: peaks with wavenumbers of ∼1630, 1642, 1650, and
1665 cm−1 that arise from the CONH vibrational mode of a
β-sheet, a random coil, an α-helix, and a β-turn, respectively.
Since deuterated solutions are used to prevent the OH bend-
ing mode from interfering with the recording of the amide I
region, the isotope exchange between H and D is inevitable
and deuterium can be also considered as a biasing agent in
kinetic studies. The peaks in the amide I region arise mainly
from CO stretching, with minor contributions from out of
phase C–N stretching and in-plane N–H bending.57 Hence,
the effect of the isotope exchange on the kinetic data in the
amide I region is small and the bias from using deuterated
solutions should be less than, for example, the influence in-
duced by labels used in fluorescence measurements. N–D
bending and stretching vibrations that arise due to isotopic
exchange cannot be observed due to the broad D2O absor-
bance and materials used in the MCFM platform. To obtain
detailed information on the secondary structure of ubiquitin
upon mixing with the side streams, IR data are collected
along the center of the channel. Data for two intermediate
states are shown in Fig. 5b. Data for two intermediate states
are shown in Fig. 5b. Voigt curve fitting58 is conducted for
all spectra obtained along the center line. Data for two of
the intermediate states as well as from a point before
mixing and a point after complete mixing are shown in
Fig. 5b. These fits already show that the β-sheet fraction de-
creases upon dilution with methanol, and that the α-helix
and β-turn fractions increase, all indicative of the partial
unfolding of ubiquitin. Increase in the β-turn content is
likely due to the effect of methanol, which lowers the fold-
ing free energy level of β-turn and promotes its formation.59

To obtain kinetic information on the partial unfolding
process of ubiquitin, we calculate the area-under-the-curve
(AUC) for each β-sheet (1629 cm−1) and α-helix (1650 cm−1)
from the deconvoluted spectra at every pixel along the center
line starting from the start of the diverging, wide section of
the channel, where we know (from FEA) that the solution is
completely mixed at the center. We then plot these AUC data
as a function of time (Fig. 5d). This timescale was calculated
using the time-to-space mapping procedure outlined in the
section on MCFM design considerations, using the FEA simu-
lation data shown in Fig. 5a. The AUC data in Fig. 5d clearly
show that the fraction of the β-sheet and α-helix respectively
decreases and increases over time. Both are indicative of the
structural change of ubiquitin from the native to the A-
state.23 Single exponential fitting yielded time constants for
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the kinetic data of β-sheet disappearance and α-helix appear-
ance of 0.28 s−1 and 0.26 s−1, respectively. The time constant
for the α-helix closely matches the kinetic data obtained from
NMR experiments that followed Tyr-59 (0.25 s−1), a residue

that is located at the end of the α-helix, as an indicator of
ubiquitin conformational change.60

The results of the partial unfolding of ubiquitin demon-
strate the ability of the MCFM platform to obtain both

Fig. 5 Conformational change of ubiquitin from native to A-state induced by methanol under acidic conditions in the MCFM platform. (a) Visuali-
zation of the ubiquitin conformational change experiment (COMSOL simulation). Ubiquitin is dissolved in 20% methanol-d4 (pD 2) in the central
stream and mixed with side streams of 70% methanol-d4 (pD 2) to increase the percentage of methanol of the focused stream up to 50%, which
induces a conformational change. (b) Curve fitted IR spectra at different points along the center channel: before mixing, two intermediate states,
and a point well after complete mixing. All spectra were baseline corrected, normalized, and de-convoluted to analyse any changes in the second-
ary structure of ubiquitin. (c) Reference spectra of ubiquitin for the native (solid) and the A-state (dot) obtained from solutions with BaF2 windows.
All data were background corrected and normalized. (d) Graphs that show kinetic IR data of the area-under-the-curve for the deconvoluted
β-sheet and for α-helix peaks representing, respectively, the disappearance of the β-sheet and the appearance of the α-helix, both key identifying
features of the native (N) and A-state (A) of ubiquitin.

Fig. 6 (a) Fabrication scheme for the MCFM platform. A standard photolithography technique was used to create the master mold with a 15 μm
channel height using silicon wafer and a negative photoresist. The PDMS (15 : 1) layer (20 μm) was spin coated on the master mold and bonded
with COC using covalent amine-epoxy chemistry. Tubing for inlets and outlet was placed and bonded with extra PDMS around them. The COC–
PDMS layer was peeled off and bonded with the bottom COC layer, again using covalent amine-epoxy chemistry. (b) Cross section (red dashed line
on Fig. 5c) showing different layers of the device. (c) 3D view of the assembled device.
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structural changes and kinetic information on biomolecular
events, although this only was a relative slow process.

Experimental
Fabrication procedure of the MCFM

We used standard photolithography61 to create a master
mold with a channel height of 10–20 μm on silicon wafers
using an SU-8 (25) photoresist (MicroChem Corporation). A
thin layer (∼15–25 μm) of PDMS (General Electric Company)
was spun on the SU-8 master mold, cured on a hot plate at
80 °C, and plasma cleaned (Fig. 6a). A 100 μm thick COC
sheet (TOPAS Advanced Polymers Inc) was also plasma
cleaned and bonded to the PDMS layer using covalent amine-
epoxy chemistry,46 resulting in a PDMS–COC bond that can
sustain high pressures (>5 MPa) without leakage. The com-
posite COC–PDMS layer was peeled off, and PEEK tubing was
bonded on the COC side using PDMS to hold the tubing in
place. Next, the inlet and outlet holes were punched. Finally,
the assembly was bonded to a flat COC sheet, again using
the aforementioned covalent amine-epoxy chemistry, yielding
the composite COC–PDMS–COC device; a cross section is
shown in Fig. 6b and a perspective view is shown in Fig. 6c.
Details for the fabrication procedure can be found in the
ESI.† Being able to reproduce the MCFM platform, including
exact layer thicknesses, is important because the optical path
length depends on the thickness of the PDMS layer. To dem-
onstrate the uniformity of the thickness of the PDMS layer in
the MCFM, micro-CT images of inlets, as well as the narrow
mixing channel, and the wide observation channel are
presented in Fig. S2.†

MCFM operation

Reactant solutions were loaded into syringes (BD 1 mL) and
PEEK tubing (Fisher Scientific Company LLC) was used to
connect the syringes to their respective inlet ports on the
MCFM platform. Syringe pumps (Micro-Liter OEM Syringe
Pump Modules, Harvard Apparatus), controlled indepen-
dently via custom software, delivered a constant flow rate
needed to establish and maintain a hydrodynamic flow fo-
cused stream (Fig. 7).

H2O and D2O mixing experiment. Pure DI water and D2O
(MilliporeSigma) were delivered through the center and side
channels, respectively, at flow rates of 0.4 and 2.0 μL min−1

to achieve mixing via hydrodynamic focusing.
Acetic acid and pH jump experiment. Glacial acetic acid

(99.8%; MilliporeSigma) was mixed with DI water to adjust
the concentration to 1 M (pH 2.5). To achieve a neutral pH in
the focused stream after complete mixing, side stream solu-
tions of 0.15 M sodium hydroxide (ACS reagent, ≥97.0%, pel-
lets; MilliporeSigma) were used. The acetic acid and NaOH
solutions were delivered through the central and side chan-
nels, respectively, with a 3.0 μL min−1 flow rate for the central
stream and a central : side flow rate ratio of 1 : 5 to validate
the rapid pH change from 2 to 7 in the focused stream.

Ubiquitin partially-unfolding experiment. 7 mg mL−1

ubiquitin from bovine erythrocytes (MilliporeSigma) was
dissolved in a mixture of 20% (v/v) methanol-d4 (Milli-
poreSigma) and 80% D2O, and the pD was adjusted to 2 with
diluted DCl (20% w/w in D2O, 99.5%; Thermo Fisher Scien-
tific Chemicals). To induce the conformational change of
ubiquitin, a solution of 30% D2O and 70% methanol-d4 was
prepared for the side streams and the pD was also corrected
to 2. Flow rates of 0.08 μL min−1 were used for both center
and side streams to result in a focused stream of 50% metha-
nol-d4 (pD 2) after complete mixing. Only deuterated solu-
tions were used because high absorption of the OH bending
vibration in H2O conceals the detection region for the sec-
ondary structures of different proteins.

Data collection and data analysis

When an FT-IR microscope equipped with a focal plane array
(FPA) detector is combined with flow cells that allow data col-
lection in attenuated total reflection (ATR)33 or transmis-
sion15 mode, it can track chemical reactions at different loca-
tions by generating spectral images. Here, to enable data
collection from multiple locations along the channel simulta-
neously, FT-IR imaging was performed using an Agilent Cary
620 FT-IR microscope equipped with a 128 × 128 pixel focal
plane array (FPA) detector (Fig. 7).62–65 The image was col-
lected with a 4 cm−1 resolution, 64 scans, and standard mag-
nification under a 15× objective in transmission and continu-
ous scanning modes. To obtain tmix and tkinetic, the central
lines in both the narrow mixing channel and the wide obser-
vation area are selected. For tmix, the FPA view is adjusted to
capture both points where, respectively, the three streams
start to merge and where the narrow channel ends. For
tkinetic, the left end of the FPA view is adjusted to be placed
from where the channel starts to expand linearly (Fig. 1). Dis-
tance to time conversion is performed based on the FPA pixel
size and flow velocity obtained from the FEA simulation.
Hence, compared to a kinetic scanning mode set-up, the time

Fig. 7 Overall set-up and data acquisition of hyperspectral FT-IR im-
aging in transmission mode combined with the microfluidic device.
The grid represents 128 × 128 pixels of FPA and two different spatial
locations (pixels 1 and 10) show distinct infrared spectra.
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resolution in our platform is not limited by the detector
frame rate (which determines the total time for spectral scan-
ning and thus limits the time resolution).40,42 Data analysis
was performed using FEA simulation data, and the use of
custom software modules for ENVI IDL 7.1 and MATLAB. An
automated workflow was developed for performing baseline
correction, spectral deconvolution, and extracting the reac-
tion kinetics.

Finite element analysis simulations for optimization of
operating flow rates and determination of spatial and
temporal coordinates of the reagents

To simulate the hydrodynamic focusing and optimize the
time resolution for the mixing process, finite element soft-
ware (COMSOL Multiphysics Version 4.3b; COMSOL, Inc) was
used. The steady-state, incompressible Navier–Stokes and
convection–diffusion equations were applied to a ‘reacting
flow, diluted species’ model and were solved to simulate the
concentration and velocity changes in the focused stream
depending on the flow ratio and rate and initial concentra-
tions at the central and side inlets. For the range of operating
flow rates here, the flow in the microfluidic devices will al-
ways be laminar and hence we used the laminar flow option.
We performed the simulations in 2D, an assumption that will
result in an error in a variation of less than 10% in the
mixing time, compared to the time values obtained assuming
a 3D flow.66 Details about the parameters and results of the
simulation can be found in the ESI.†

Conclusions

We reported here the development and testing of a polymeric
microfluidic continuous-flow mixer (MCFM) that is compati-
ble with FT-IR imaging and can record biomolecular reac-
tions over a wide range of timescales. This platform uses cy-
clic olefin copolymer (COC) film as an IR transparent window
that can be fabricated in less than a day using fairly readily
available fabrication tools. The channel design exploits hy-
drodynamic flow focusing to achieve fast mixing and to align
reagents to the center of the channel. By widening the chan-
nel after sufficient mixing in the initial, narrow region of the
channel has been achieved, the residence time of reagents in
the observing area is increased so that biomolecular reac-
tions that occur over multiple timescales can be observed in
a single FT-IR image.

To validate the platform, a H2O and D2O mixing experi-
ment was conducted. We also simulated this experiment
using FEA. The experimentally observed change in IR absorp-
tion of the OH bending mode is in good agreement with the
simulation results. The agreement also confirms that simu-
lated data can be used to convert the distance to time in the
analysis of biomolecular reactions. The feasibility of the
MCFM platform to initiate and study biomolecular reactions
induced by a change in pH was validated with an acetic acid
pH jump experiment.

Finally, we applied the MCFM platform to successfully
monitor the partial unfolding of ubiquitin, specifically the as-
sociated conformational change from the native state to the
A-state induced upon dilution with MeOH. The observed
changes in IR intensity and wavenumber associated with the
secondary structure of the protein are in close agreement
with previous reports.

The aforementioned experiment demonstrates that the
MCFM platform can be used to explore relative slow (of the
order 10−1 s−1) biomolecular reactions. As mentioned in the
section on platform design, the theoretical fastest mixing
time that still satisfies our design constraints of (i)
decoupling mixing and kinetic times and (ii) achieving suffi-
cient residence time in a single FT-IR image is about 4 × 10−4

s. This implies that fast biomolecular reactions, of the order
10−3 s−1, can be studied with this platform in a single FT-IR
image. Pushing the limits, the MCFM platform should be
able to provide insight into biomolecular processes that hap-
pen on the order 10−4 s−1. From the pH jump experiments,
we know that the pH of the focused stream can be changed
in about 5 × 10−4 s (529 μs) by the end of the narrow mixing
channel, which is close to the fastest mixing time (460 μs)
that the platform can theoretically achieve. The color maps
in the pH jump experiment, illustrating the deprotonation of
carboxylic acid and the pH change in the central stream,
demonstrate that the platform can be controlled such that
conditions that are appropriate for fast biomolecular pro-
cesses can be achieved. In the ubiquitin unfolding study, the
platform proved its ability to retrieve biological information
from IR spectra by showing a conformational change of the
protein, including changes in its secondary structures.
Hence, from two different experiments, pH jump (fast mixing
time) and ubiquitin unfolding (spectra showing a conforma-
tional change), the platform demonstrates its potential to ex-
plore fast biomolecular reactions.

The MCFM platform reported here should be generally
suitable to the study of fast biomolecular reactions. The rate
of mixing of the species that induces the biomolecular reac-
tion of interest is determined by the concentration of this
species in the side streams, its diffusion constant, and the
width of the focused stream, set by the flow rate ratio be-
tween the center stream and the side streams (eqn (1) in the
section on MCFM design considerations). For example, study-
ing the denaturation of a wide variety of proteins under the
influence of small molecules would be of interest.67,68 In ad-
dition to the application of the MCFM to study conforma-
tional changes of the protein, application of the reported
microfluidic platform utilizing FT-IR imaging can be ex-
tended, for example, to studying the morphological effect of
lipid-based drug delivery systems on protein, as well as other
processes such as protein crystallization.69,70
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